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ABSTRACT

Trace detection of the conformational transition of �-amyloid peptide (A�) from a predominantly r-helical structure to �-sheet could have a
large impact in understanding and diagnosing Alzheimer’s disease. We demonstrate how a novel nanofluidic biosensor using a controlled,
reproducible surface enhanced Raman spectroscopy active site was developed to observe A� in different conformational states during the A�
self-assembly process as well as to distinguish A� from confounder proteins commonly found in cerebral spinal fluid.

Alzheimer’s disease (AD), a progressive neurodegenerative
disease and the leading cause of dementia in the aging
population, affects 4.5 million people according to the 2000
U.S. census.1 One of the primary pathological hallmarks of
Alzheimer’s disease is the presence of insoluble neuritic
plaques, composed primarily of �-amyloid peptide (A�), in
the cerebral cortex. A� peptide, a natural metabolic byprod-
uct, results from the proteolytic cleavage of the amyloid
precursor protein, either in the membrane or while undergo-
ing endosomal processing. The resulting 39-42 amino acid
long peptides are released into the extracellular space.2–9

These species have a strong propensity to aggregate. Many
hypothesize that aggregation of A� triggers a cascade of
events that brings about neuritic dystrophy and neuronal
death. Currently, Alzheimer’s disease can only be diagnosed
definitively by postmortem identification of neuritic plaques
and neurofibrillary tangles in the central nervous system
tissue. While methods exist for probable premortem diagnosis
of AD, including in vivo imaging of the brain with magnetic
resonance imaging or functional positron emission tomog-
raphy, along with tests of cognitive and psychological
function,10,11 reliable methods of premortem diagnosis are

needed and may involve the use of biomarkers of AD such
as A�.

The most prevalent species of A� present in people with
AD are A� (1-40) and A� (1-42). Both forms of A� are
found in cerebrospinal fluid (CSF) and blood plasma of all
people, regardless of health.2–9 A� (1-40), the dominant
peptide species, has a concentration of 5 nM in CSF.3 The
relative concentrations of different A� species including A�
(1-40), A� (1-42), and their conformation/aggregation
states change with the progression of disease.12

Most investigators believe that the cytotoxic species of
A� are one or more of the following species: soluble
oligomers, A� derived diffusible ligands (ADDL),7 proto-
fibrils,6,13 and heterogeneous globular species.9 These species
arise during the misfolding and aggregation of the nontoxic,
soluble A� monomer that is predominantly R-helical and
random coil in structure to a conformational form of A� with
abundant �-pleated sheets (i.e., A� fibrils and proto-
fibrils).14–16 However, the degree of neurotoxicity and
relevance to disease progression of each conformational form
of A� is still under debate.17,18 Even the structure of the A�
fibril has only recently been elucidated (and not without some
disagreement about the exact structure).19–22 Needless to say,
the structure of soluble A� oligomers has not been deter-
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mined.13,23–25 The development of tools useful in probing the
structure of disease associated A� species would be useful
in the investigation of the molecular mechanisms of A�
cytotoxicity associated with AD.

The methods for probing the secondary and tertiary
structure of proteins include Fourier transform infrared
spectroscopy (FTIR), circular dichroism spectroscopy (CD),
nuclear magnetic resonance (NMR) spectroscopy, and X-ray
diffraction. X-ray diffraction and NMR have cumbersome
preparation techniques. For FTIR, sampling is often difficult
and has strong absorption due to water. X-ray diffraction
and CD are limited by the state of the probed protein;
molecules probed with X-ray diffraction must be crystallized,
while the molecules must be in solution for CD. However,
A� does not crystallize, and toxic forms of A� do not all
stay in solution. Plus, CD lacks the sensitivity required to
detect the lower range of toxic concentrations of A�.
Therefore, the development of a sensor platform that is able
to detect structure specific oligomers of A� along with
conformational changes of the protein would be a valuable
tool. Such a platform will help facilitate disease diagnosis
and aid in understanding A� assembly.

In the work presented here, the feasibility of using surface-
enhanced Raman spectroscopy (SERS) to detect A� (1-40),
one of the two most prevalent A� species in CSF, is
addressed. Past protein studies involving Raman spectroscopy
include probing particular amino acid residues in local
environments, as well as structural investigation of proteins
in biological samples.26–29 However, Raman spectroscopy
alone is not an efficient detection tool because of its low
sensitivity and small optical cross section and because of
the effects of intrinsic fluorescence and absorption of
biomolecules on the spectra. Surface-enhanced Raman scat-
tering can provide a significant enhancement of the Raman
signal intensity of a molecule by several orders of magnitude
(106 to 1012) through electromagnetic field enhancements and
chemical enhancements due to adsorption of molecules onto
metal surfaces. The effect of the electromagnetic enhance-
ments are the best understood and believed to be the
dominant mechanism responsible for the enhancements found
in SERS.30,31 SERS enhancements of 1012-1015 are observed
when molecules of interest are adsorbed onto surfaces of
gold nanoparticles, followed by electrolyte-induced aggrega-
tion.32 However, such enhancements are observed only on
certain unknown active spots or “hot spots” that provide the
appropriate electromagnetic nanoenvironment, which has not
been reproducible in the past; this is a major hindrance of
aggregated particle-based substrates for biological applica-
tions. Recent advances in theory and computational tech-
niques have shown that a strong electro-magnetic field is
invoked between solid nanoparticles, such as colloids, and
at sharp boundaries of nanoscale geometries, such as on
gratings and island films. Hence, many researchers have
developed a well-ordered array of geometric nanoscale
features on a substrate that can provide amplified electro-
magnetic fields on these surfaces, thereby, expanding the use
of SERS in analytical applications. For example, Van Duyne
et al. reported strong enhancement factors for pyridine

molecules adsorbed on metal film over nanosphere (MFON)
electrodes, with silver deposited between the interstices
formed by the removal of the nanoparticle arrays from the
substrate.33 However, random adsorption of molecules on
the substrate is a critical drawback especially for the detection
of biomolecules at trace levels.

To overcome the previously described limitations, we used
a nanofluidic device that can significantly improve the
reproducibility and sensitivity of SERS by exclusively
localizing nanoparticles and increasing the concentration of
target molecules at the entrance to the nanochannel. This
nanofluidic device transports a mixture of target molecules
and gold colloid (60 nm nanoparticles) down a microchannel
to the entrance of a nanochannel. The 40 nm scale of the
nanochannel depth causes size-dependent trapping of the gold
colloid particles, creating a high density of gold nanoparticle
clusters. In a similar fashion, the capillary flow induced by
the device transports the target molecules through the
interstices between the clusters, the SERS active sites,
increasing the concentration of the target molecule and
nanoparticles at the nanochannel entrance. The feasibility
of using the nanofluidic biosensor has been previously
reported for detecting nonresonant biomolecules at a con-
centration as low as 10 pM.34 Thus, a SERS platform using
a nanofluidic trapping device is described in this paper for
the ultimate goal of facilitating diagnosis and understanding
of Alzheimer’s disease through the detection of Raman
spectra that are conformation dependent and unique to A�
refolding from R-helical to �-sheet structure.16

A� (1-40) was synthesized and purified by BioSource
International (Camarillo, CA). The sequence is DAEFRHDSG-
YEVHHQKLVFFADVGSNKGAIIGLMVGGVV. A� was
dissolved in dimethylsulfoxide (DMSO) to a concentration
of 2.3 mM, aliquoted into microcentrifuge tubes containing
5 µL of solution, and stored in a -80 °C freezer until use.
Then, 95 µL of deionized water (DI water) was added to
the A� to create a 115 µM stock solution. The A� was
stepwise diluted using DI water to the concentrations of
interest before adding the gold colloid. A� oligomer samples
were prepared at concentrations ranging from 11.5 nM to
11.5 pM. The sample was observed at room temperature.
Soluble A� monomers (1.15 nM) were prepared using the
method described above and stored at 6 °C throughout
observation period. Insulin (FW 5734) from bovine pancreas
was purchased from Sigma-Aldrich Co. in powder form and
was diluted to a concentration of 115 µM in DI water then
further diluted stepwise to a final concentration of 1.15 nM.
Albumin (FW ∼ 66 120) from bovine serum was purchased
and purified by SIGMA (>99% agarose gel electrophoresis).
The albumin sample was prepared using the same procedure
mentioned previously to a final concentration of 1.15 nM.
The 2 µm width nanochannel was used in the experiment
comparing albumin, insulin, and A�.

All protein SERS samples were prepared by mixing the
protein with gold nanoparticles in solution (volume ratio
1:10). After mixing, 120 µL of the gold colloid-protein
mixture was then loaded immediately into the reservoir and
observed over five days. Raman spectra were taken of the
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nanoparticle clusters every 12 h over the course of observa-
tion. The residual samples were stored in the microcentrifuge
tubes for later pH measurement, determined by a Thermo
Orion pH meter (model 420, Thermo Scientific, Waltham,
MA) with an AquaPro Combination pH electrode. The
accuracy was (0.5 pH units. A pH of 6.8 was measured
immediately after mixing; a pH of 6.4 was measured after
48 h for A� samples, and insulin and albumin samples
maintained a pH of 6.8 throughout the experiment.

All SERS spectra were collected using a Renishaw System
1000 Raman spectrometer coupled to a Leica DMLM
microscope (Schaunberg, IL). A 785 nm GaAlAs diode laser
(SDL model XC30) was used as the excitation laser, and
the SERS data were collected in 180° backscattered geom-
etry. A 50× (NA ) 0.75) air objective lens was used to
deliver 8 mW to the sample with an approximate 2.2 µm
spot size. Raman scans were taken at the nanoparticle cluster
and were integrated for 30 s over the range of 398-1608
cm-1. Each Raman spectrum was the average of seven
consecutive scans from various locations at the entrance to
the nanochannel. Although the Raman spectra were recorded
in the 400-1600 cm-1 range, no appreciable effect was
observed below 500 cm-1. Accordingly, the spectra in the
500-1600 cm-1 region are presented here. In addition, each
figure showing multiple spectra has been artificially offset
for visual clarity of the figure without any baseline correction
or data smoothing.

Aggregation of Gold Colloid using a Nanofluidic Device
Over Time. The nanofluidic device is used to transport a
mixture of target molecules and gold colloid (60 nm
nanoparticles) down a microchannel to the entrance of a

nanochannel. The nanometer scale of the nanochannel depth
causes size-dependent trapping of the gold colloid particles
(Figure 1a), creating a high density of gold nanoparticle
clusters. In a similar fashion, the capillary flow induced by
the device transports the target molecules through the
interstices between the clusters, the SERS active sites,
increasing the concentration of the target molecule and
nanoparticles at the nanochannel entrance. The configuration
encourages size-dependent trapping of the gold nanoparticles
and target molecules at the entrance to the shallow nanochan-
nel, forming dense clusters with high local concentrations
of target molecules (Figure 1c). (The nanofluidic device was
fabricated by conventional top-down microfabrication tech-
niques on a UV grade 500 µm thick fused silica wafer, and
the method of fabrication can be found in Supporting
Information.)

To investigate the trapping properties of aggregated
nanoparticles in the channel, gold colloid (60 nm) was
introduced into the nanofluidic device. Because of the
capillary force of the channel, the nanoparticles in solution
were transported down the deep microchannel. Since the
diameter of the gold nanoparticle is larger (60 nm) than the
depth of shallow nanochannel (40 nm), the nanoparticles
were trapped at the nanochannel entrance and formed clusters
within minutes. Figure 1d shows the bright field image of
an empty microchannel-nanochannel junction. Figure 1e,f
shows nanoparticle clusters at the entrance to the nanochannel
after loading the device with colloidal gold and taking images
after 24 and 72 h, respectively. Forming the clusters is
reproducible and easily seen at the entrance to the nanochan-
nel. The expansion of the aggregate size over time, as seen

Figure 1. Schematic diagram of a nanofluidic biosensor: (a) lateral view, (b) top view, and (c) expanded lateral view of a nanofluidic
biosensor with aggregated nanoparticle SERS active clusters formed at the step structure. The nanochannel depth (40 nm) precludes entry
of the nanoparticles (60 nm in diameter) into the nanochannel, thus, inducing aggregation of the nanoparticles and target molecules. Brightfield
microscope images of (d) an empty nanofludic device consisting of a nanochannel between two microchannels and (e) nanoparticle clusters
at the entrance to the nanochannel 24 h and (f) 72 h after being loaded with 120 µL of gold colloid solution. The red circles in the images
show an increase in aggregation size of the nanoparticles over time. The arrows indicate the entrance to the nanochannel. The gold colloid
was introduced into the nanofluidic device from the plastic reservoir covering the inlet holes, which is shown in a.
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in a comparison of Figure 1e,f, indicates that the nanofluidic
device maintains a capillary force over the 72 h with only
120 µL of solution. While the 24 to 72 h lag time between
loading the device and complete formation of the cluster
needed for optimal SERS is substantial, we are exploring
various electric pumping mechanisms as well as channel
designs that should allow for full aggregation within minutes.

Characterization of Nanofluidic System for SERS. The
SERS approach used in this study is optimized by shifting
the plasmon resonance frequency of the nanoparticle clusters
to the near-infrared region to be in resonance with our
excitation wavelength of 785 nm. The use of near-infrared
excitation is advantageous because water has low absorption
in this range and this NIR range reduces native fluorescent
background inherent to CSF. The shift in the localized
plasmon resonance frequency at the site of the gold nano-
particle aggregate at the nanochannel entrance was probed,
over 3 days, by light focused to a 33 µm spot size (Figure
1f). (The experimental setup for obtaining extinction spec-
trum of gold nanoparticle clusters is available in Supporting
Information.) Typical UV-vis absorption and transmission
spectra of gold colloid and gold nanoparticle clusters are
shown in Figure 2. The extinction spectrum of gold colloid
(Figure 2b) exhibits a relatively sharp absorption band at
540 nm with a long tail trailing out toward longer wave-
lengths. Upon aggregation (Figure 2a), the 540 nm band
broadens, and another large band appears around 800 nm.
The changes of the spectra, from minimal absorption and
scattering properties to high extinction at 800 nm, indicate
that gold nanoparticles are clustered at the nanochannel
entrance with up to 1500 times the optical density of the
spectrum shown in Figure 2, according to Beer-Lambert’s
law. The microchannel has a depth of 2 µm, whereas the

path length of the cuvette used to measure the extinction
spectrum of the gold colloid solution was 1 cm. Furthermore,
we were unable to detect the extinction of gold colloid in
the middle of the microchannel, away from the aggregation
at the nanochannel entrance (curve c in Figure 2). This lack
of signal is consistent with the observation that high-density
gold nanoparticle clusters were formed only at the entrance
to the nanochannel.

Concentration Dependence of A� SERS Spectra. We
took SERS spectra, in the spectral range of 500-1600 cm-1,
of A� at three different concentrations (Figure 3). The SERS
Raman bands were assigned on the basis of existing literature
pertaining to the spectra of amino acids and proteins.34–38

Table 1 illustrates the observed frequencies of several SERS
bands. As expected, aromatic rings, amides, and carboxylic
group vibrations dominate the SERS spectrum of A�. In fact,
shifts in the amide III region, 1200-1300 cm-1, reflect the
most compelling changes in proteins and are widely used to
quantitatively explore secondary structure.25,26,28,39

For a low concentration of A� (11.5 pM), we observed
Raman bands associated with the aromatic side chains at
1000, 1187, and 1488 cm-1 (phenylalanine, tyrosine and
phenylalanine, and histidine residues respectively), shown

Figure 2. (a) Extinction spectra of gold nanoparticle clusters at
the entrance of the nanochannel, (b) extinction spectra of gold
colloid in a cuvette, and (c) extinction spectra collected in the middle
of the microchannel channel. Note the broadening and shift in the
540 nm gold colloid peak upon aggregation at the nanochannel
entrance. No extinction was detected in the microchannel away from
the nanochannel entrance.

Figure 3. SERS spectra of A� at (a) 11.5 pM (b) 1.15 nM (c) 11.5
nM after 24 h in the nanofluidic device. A� samples at three
different concentrations were prepared in the monomer form and
loaded into the nanofluidic device immediately. Seven consecutive
scans were taken from the nanoparticle clusters at the entrance to
the nanochannel using 50× (NA ) 0.75) air objective with a 785
nm excitation laser.
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in Figure 3a. A small shoulder band at 1036 cm-1, besides
1000 cm-1, supports the presence of phenylalanine in each
sample. The presence of these bands indicates that the
aromatic side chains are in a favorable position with respect
to the gold nanoparticle surface. The phenylalanines, at amino
acid 19 and 20 in the A� sequence, are located in a region
of the A� peptide thought to be critical for A� aggregation40

and should only be available to interact with the metal surface
in unaggregated forms of A�. Furthermore, the histidine band
at 1488 cm-1 (Figure 3a) is shifted about 10 cm-1 from the
assigned band in the literature,36 which may have been altered
because of protein-metal interactions, implying A� interacts
with the charged metal surface through its histidine
molecules.41This histidine band and a band at 1266 cm-1 (in
the amide III region) suggests that A� has an R-helix structure.

At a higher concentration (1.15 nM), as seen in Figure
3b, the band at 1266 cm-1 diminishes while a new band
appears at 1244 cm-1 at a higher intensity. The red-shift from
1266 cm-1 (assigned to the R-helical structure) to 1244 cm-1

(due to the �-sheet conformation), signifies that the proteins
are in two different conformational states. With a concentra-
tion of 11.5 nM (Figure 3c), the 1266 cm-1 band is weak
and hidden in the shoulder of the new broad band, a good
indication that the polypeptide backbone of A� has taken
on a different conformation in close vicinity to the nano-
particle surface. Plus, the increase of the 961 cm-1 mode
(assigned to the C-C stretching mode in the hydrophobic
segment of A� polypeptide backbone) and the decrease in
intensity of aromatic side chain signals are most likely due
to the same refolding transition, which suggests that, in the
more aggregated �-sheet structure of A�, the aromatic
residues are no longer available to interact with the gold
surface.41 While most investigators would suggest that
increasing the A� concentration would result in conforma-
tional changes associated with aggregation, few have exam-
ined A� aggregation at the concentrations used in these
studies because of the limits of analytical tools used for
structure determination.

Note that a presumable correlation between concentration
and signal intensity of the SERS peaks is lacking because
of the conformational dependence on concentration, making
quantification of A� oligomers difficult. Accordingly, we

made no attempt to discern this correlation and focused on
the associated structure changes in the protein with concen-
tration. However, quantification of A� oligomers may be
possible upon conduction of future, more careful experiments
involving different concentrations of stable A� oligomers
added to the channel.

Conformation Dependence of SERS Spectra. To con-
firm that the shifts in the spectral modes observed in Figure
3 at elevated concentrations were due to conformational
changes rather than to the sole effect of changes in
concentration, we performed SERS on A� as a soluble
monomer and an oligomer or other aggregated species.

Figure 4a,b illustrates the SERS spectra of soluble A�
taken after residing in the nanofluidic device at 6 °C for 38
and 48 h, respectively. Others have shown that maintaining
A� at low temperatures prevents or significantly retards
aggregation.44,45 An increase in intensity over time of the
SERS bands (except the band 1000 cm-1) in Figure 4a,b
can be attributed to an increase in concentration of the target
molecules and in the density of the clusters due to the
continuous flow of the device (as previously illustrated in
Figure 1). This sharpening feature may be due to a longer
interaction time, allowing more A� to bind to the surface of
the nanoparticle. As also seen in Figure 3a, a sharp band at
1266 cm-1 is observed in Figure 4a,b because of the R-helix

Table 1. Assignment of Bands in SERS Spectra of A�a

wavenumber [cm-1] assignment reference

675 Tyr
823 Tyr doublet 34, 37
856 34, 37
963 n(C-C) 34, 35, 37
1000 Phe (n12) 34-37, 42
1036 Phe (n18a) 34-37
1077 n(Ca-N) 35, 36
1144 n(CCN) 35, 36
1187 Phe and Tyr 34, 36, 37
1244 amide III (�-sheet) 35, 42, 43
1266 amide III (R-helix) 34-36
1350 N()C-N) 35, 38
1455 d(CH2) 34-38, 42
1490 His 35, 36
1547 Phe, amide II 35, 36
1580 Tyr, n(COO-) and/or Phe 35, 36

a n ) stretching, d ) deformation.

Figure 4. SERS spectra of soluble A� (6 °C) after (a) 38 h and (b)
48 h in the nanofluidic device. Insoluble A� oligomer (room
temperature) after (c) 38 h and (d) 48 h. Both samples were 1.15
nM and had a pH of 6.8 throughout the experiment.
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structure adsorbing to the metal surface.36 These spectra also
exhibit distinct bands (seen previously in Figure 3) assigned
to phenylalanine (1000 cm-1), histidine (1488 cm-1), and
the tyrosine doublet (823 and 856 cm-1).

In Figure 4c,d, the spectra of A� oligomer, prepared by
allowing A� to aggregate at room temperature, contain
similar qualities which are in contrast to the spectra of soluble
monomers of Figure 4a,b, such as relatively strong bands at
1244 cm-1 (Figure 4d) and 1266 cm-1 (Figure 4c). As
explained in the previous section, the shift in the amide
bands, from a mode characteristic of R-helix to �-sheet,
signifies conformational changes in the A� peptide typical
of the transition from soluble monomer to protofibrils or
fibrils upon incubation.8,15,17,46 A strong band at around 1244
cm-1 associated with �-sheet structure has been ob-
served.35,42,43 Furthermore, the presence of the amide III
modes (1244 and 1266 cm-1) in Figure 4c confirms that the
A� was in the midst of A� fibrillogenesis. If we further
compare Figure 4d and Figure 3c, spectral similarities
attributed to �-sheets (675 and 1244 cm-1 modes) and
phenylalanine suggest that A� at 11.5 nM had appreciable
�-pleated sheets after 24 h. It is difficult to predict a priori
the effect that the metal surface may have on protein structure
or how the metal surface will alter the kinetics of a self-
association process, such as the A� aggregation under
investigation in this study. Thus, while we cannot directly
compare our experimental conditions to other A� aggregation
experiments in solution, the general conclusions of others
regarding the factors affecting aggregation should still apply.
Namely, aggregation should be the predominant intermo-
lecular interaction at high concentrations, and a reduced temper-
ature should retard all intra- and intermolecular interactions.

A� and Confounder Proteins in CSF. To test the
feasibility of detecting A� in the presence of confounder
proteins, SERS spectra of insulin and albumin were taken
using the nanofluidic device and are shown in Figure 5.
Figure 5a is the A� oligomer or aggregated species. The 675
cm-1 band has a stronger intensity in the spectra of the
insoluble A� oligomer than in the spectra of insulin (Figure
5b) and albumin (Figure 5c). Albumin (Figure 5c) is known
to have a structure consisting of around 55% R-helices and
45% random coil.47 The amide III band at 1294 cm-1, rather
than at 1244 cm-1, could be due to modified Raman selection
rules because of the R-helix not directly adsorbed to the metal
surface because of the folding complexity of the protein.
Albumin also shows strong bands associated with tyrosine,
phenylalanine, and tryptophan (832, 856, 1000, 1030, 1185,
and 1580 cm-1), indicating that albumin is adsorbed onto
the nanoparticle surfaces via its aromatic side chains. Insulin
(Figure 5c) consists of two polypeptide chains joined with
two cysteine disulfide bonds, with one disulfide bond
involved in an intrachain link. Although the C-S vibrations
(654 cm-1) are overlapped by the broad band at 675 cm-1,
the spectrum of insulin is still distinguishable from spectra
of other proteins because of the S-S stretching mode at 549
cm-1. Despite these spectral differences, we may also need
to employ advanced signal processing and multivariate
statistical techniques to ultimately distinguish A� in a

complex media or, alternatively, functionalize the gold
particles with specific markers for A�.

A method of quantitatively assessing changes in a protein’s
structural conformation involves using a ratiometric mea-
surement of the spectral height of amide III bands relative
to some band (such as the CH2 bending mode at 1455 cm-1)
whose intensity is independent of conformational content.26

Taking ratiometric measurements of these bands gives ratios
of 1.070, 1.223, 1.207, and 1.154 for A� monomer, A�
oligomer, insulin, and albumin, respectively. The larger
fraction indicates that more �-sheet and random coil struc-
tural elements are present in the protein. Consequently, we
may be able to distinguish confounder proteins from A� by
their ratiometric spectral intensities and the absence and
presence of certain Raman modes pertaining to amino acid
residues in the protein available to interact with the metal
surface.

A key feature of this nanofluidic device is its ability to
effectively trap nanoparticles at a specific region and confine
the target molecules in the gap region of the particle clusters.
Even though nanoparticle aggregation is not necessarily
required for observing SERS signals of target molecules,
aggregation is employed to observe stronger Raman en-
hancements from target molecules with a low optical
scattering cross section, such as the proteins investigated here.
In previous work from this laboratory, A� could not be
consistently detected using SERS without the aid of a
secondary detection molecule of higher optical scattering

Figure 5. SERS spectra of (a) A� oligomer, (b) albumin, and (c)
insulin after 48 h in the nanofluidic device. The three proteins were
mixed with gold colloid at 0.1% v/v, to a final protein concentration
of 1.15 nM, and loaded into the channel immediately.
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cross section than most proteins.48 In addition, our approach
takes advantage of the enhancements while also providing
consistent and reproducible nanoparticle aggregates in a
specific location. The nanoparticle aggregates provide an
environment for the target molecules to be concentrated in
proximity to active sites (e.g., between adjacent nanoparticles
or local resonant nanostructures) and exposed to the induced
electromagnetic field simultaneously. The resulting platform
overcomes the problem of random localized “hot spots”
persistent in previous approaches to SERS platforms.

We have demonstrated a nanofluidic trapping device with
the ability to encourage aggregation of gold nanoparticles
without the need of electrolytes. Compared to other SERS
techniques, our nanofluidic device is favorable for A�
detection for several reasons: (1) The SERS active environ-
ment is highly reproducible since nanoparticle-molecule
clusters are always aggregated at the same, specific location,
namely, the entrance to the nanochannel. (2) Our device has
a higher sensitivity than other SERS substrates because the
target molecules become more concentrated over time at the
entrance to the nanochannel. (3) The bioactivity of A� is
preserved, allowing the protein to undergo conformational
changes. Therefore, we can probe proteins in solution without
modifying the protein, implying direct detection of A� in
cerebrospinal fluid. Furthermore, our system’s sensitivity to
distinguishing between R-helices and �-sheets as well as
other protein conformational changes facilitates the discrimi-
nation between harmless monomeric forms of A� and more
toxic �-sheet oligomeric or protofibril/fibril forms. Tools such
as the one described here may be valuable in the detection
and structure determination of A� associated with the
progression of Alzheimer’s disease.
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Ségalas-Milazzo, I.; Debey, P.; Rebuffat, S. J. Biol. Chem. 2006, 281,
2151–2161.

(47) Miura, T.; Suzuki, K.; Kohata, N.; Takeuchi, H. Biochemistry 2000,
39, 7024–7031.

(48) Miura, T.; Thomas, G. J., Jr. Subcell. Biochem. 1995, 24, 55–99.
(49) Yu, N. T. J. Am. Chem. Soc. 1974, 96, 4664–4668.

NL0808132

Nano Lett., Vol. 8, No. 6, 2008 1735


